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Abstract

Ovulation of a mammalian oocyte from its follicle, which occurs in response to
luteinizing hormone (LH), requires complex restructuring of the ∼20 layers of sur-
rounding somatic cells. This chapter describes the cellular architecture of preovulatory
follicles, the localization of the receptors for LH, and the LH-induced changes in
follicular structure, focusing on mice and other small mammals. The multiple inter-
related processes that result in ovulation include breakdown of existing extracellular
matrix, generation of new extracellular matrix, thinning of the follicular apex where
the oocyte will be released, invagination of the follicular surface, and responses of the
vascular system to support these dynamic changes. However, much remains
unknown about how these events function together to release a fertilizable egg.

1. Introduction

Ovulation is a universal process by which animal eggs are released
from the ovary such that they can participate in fertilization. The events of
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mammalian ovulation are similar in many ways to those in other verte-
brates, starfish, and even jellyfish. In each of these species, the ovulatory
signal acts on a G-protein coupled receptor in the somatic cells of the
follicle that surrounds the oocyte. In mammals and other vertebrates, the
signal is luteinizing hormone (LH) from the pituitary (Hunzicker-Dunn &
Mayo, 2015; Omony et al., 2022), named “luteinizing” because in addition
to triggering ovulation, LH causes the follicle to transform into the corpus
luteum that supports pregnancy in mammals. In starfish, the stimulus for
ovulation is a relaxin-like peptide from nerves in the gonoduct (Feng et al.,
2023; Mita, 2023), and in jellyfish, it is light (Quiroga Artigas et al., 2020).
In all of these animals, activation of the receptor in the somatic cells of the
follicle results in resumption of meiosis and cytoplasmic changes in the
oocyte that prepare it for fertilization. Receptor activation also results in
rupture of the follicle, releasing the oocyte.
This chapter reviews structural changes in mammalian follicles that are

stimulated by luteinizing hormone, and discusses some of the unanswered
questions about how these structural changes in the somatic cells act together
to enable oocyte release. The ovulatory process in mammalian ovaries is
especially complex because the follicular structure has ∼20 cellular layers, in
contrast to starfish where there is just a single layer (Feng et al., 2023), or frogs
and fish where there are ∼3 layers (Dumont & Brummett, 1978; Takahashi,
Hagiwara, & Ogiwara, 2018). We focus on studies of mice, rats, hamsters, and
rabbits – small mammals that have been studied extensively because they are
accessible to experimental manipulation. We review some of the classic and
current studies about the changes in cellular and tissue structure that are
induced by LH in the follicle, and discuss how these structural changes may act
together to release the oocyte from the follicle at ovulation. Other aspects of
ovulation including gene regulation in the granulosa cells, oocyte maturation,
and mechanisms of ovulation in humans and other large mammals, are
reviewed elsewhere (Duffy, Ko, Jo, Brannstrom, & Curry, 2019; Hughes &
Murphy, 2021; Hunzicker-Dunn & Mayo, 2015; Jaffe & Egbert, 2017;
Mogessie, Scheffler, & Schuh, 2018; Richards & Ascoli, 2018; Robker,
Hennebold, & Russell, 2018).

2. Structure of mammalian preovulatory follicles

In small mammals such as mice, an ovary at the preovulatory stage has
multiple fully grown follicles located around its surface. The ovary also
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contains thousands of smaller follicles that will grow in subsequent
reproductive cycles. At ovulation, oocytes will be released from the
“apical” side of each preovulatory follicle, the side that faces the ovary
surface and is adjacent to the ovarian surface epithelium. The non-apical
side of each follicle is referred to as “basolateral”.
The elaborate complex of somatic cells that comprises each pre-

ovulatory follicle includes 2 concentric regions separated by a basal lamina:
granulosa cells and theca cells (Fig. 1A). The multiple layers of granulosa
cells are connected to each other and to the oocyte by gap junctions (see
Norris et al., 2008). The ∼2–3 layers of granulosa cells closest to the oocyte
are called cumulus cells; these send fine processes through the extracellular
matrix around the oocyte (zona pellucida) to form contacts with oocyte

Fig. 1 Cellular structure of preovulatory follicles before and after the LH surge.
(A) Before LH exposure. The oocyte is surrounded by several concentric layers of cells:
cumulus granulosa, mural granulosa, theca interna (steroidogenic and non-steroido-
genic cells with interspersed vasculature), and theca externa (smooth muscle). The
graded shades of blue in the granulosa cells represent the gradient of signaling
molecules emanating from the oocyte. Green indicates cells that express the receptor
for LH (LHR) (see Fig. 3A). (B) After LH receptor activation, within minutes of ovulation.
The mass of cumulus cells has expanded, and the follicular volume has increased. The
apical region where ovulation will occur has thinned. Basolateral regions have inva-
ginated. Blood vessels within the theca have dilated. Figure made in Biorender.com.
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microvilli (Baena & Terasaki, 2019; Clarke, 2022). The outer ∼5–15
granulosa layers are called mural granulosa. The ∼3 outermost mural cell
layers form a pseudostratified epithelium with cell bodies extending pro-
jections that contact the basal lamina (Baena & Terasaki, 2019; Baena et al.,
2020; Lipner & Cross, 1968). The cumulus and mural cells are separated by
a fluid-filled antral space, except at one region where the cumulus-oocyte
complex and mural cells are connected, until they are separated during
ovulation. The position of the cumulus-oocyte complex with respect to
the apical side of the follicle is variable (for examples of the variability, see
Owen & Jaffe, 2024, supplementary material).
Cells at different radial positions within the granulosa cell compartment

show different patterns of gene expression, as a consequence of opposing
signaling gradients within the follicle. The oocyte in the center of the
follicle releases transforming growth factor beta signaling proteins that
suppress mural transcripts, such as the LH receptor, and promote cumulus
transcripts in the cells closest to the oocyte – in the cumulus cells as well as
some of the mural cells closest to the antrum (Diaz, Wigglesworth, &
Eppig, 2007; Eppig, Wigglesworth, Pendola, & Hirao, 1997; Salustri,
Yanagishita, Underhill, Laurent, & Hascall, 1992; Su et al., 2008). Con-
versely, follicle stimulating hormone promotes mural transcripts and sup-
presses cumulus transcripts, and it has been proposed that due to its delivery
to the follicle by the blood vessels in the theca, FSH may be present at a
higher concentration in the outer mural granulosa cells vs the follicle
interior (Diaz et al., 2007). In addition, a signal from the basal lamina acts
on the outer granulosa cells that contact it to localize LH receptor
expression to these cells (Eppig et al., 1997; Furman, Rotmensch, Kohen,
Mashiach, & Amsterdam, 1986).
Outside of the basal lamina is a multi-layered theca region that is

comprised of multiple types of cells (Fig. 1A). The theca interna contains
interspersed steroidogenic and non-steroidogenic cells (Nicol, Rodriguez,
& Yao, 2020) as well as endothelial cells that form a dense network of
blood capillaries that support the avascular granulosa region and deliver
hormones including LH (Macchiarelli, Jiang, Nottola, & Sato, 2006;
McKey, Cameron, Lewis, Batchvarov, & Capel, 2020). Surrounding the
theca interna is a layer of smooth muscle cells (theca externa) (Nicol et al.,
2020). The theca on the apical side of each preovulatory follicle abuts
against the ovarian surface epithelium, which surrounds the ovary.
The structure of the preovulatory follicle is similar in all mammals,

except that its diameter is larger in larger species – ∼0.4 mm in a mouse,
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∼2 cm in a woman, ∼12 cm in an Indian rhinoceros (Bächler, Menshykau,
De Geyter, & Iber, 2014). Oocyte diameters range from ∼60 µm to
∼130 µm, with a slight correlation with body weight (Gosden & Telfer,
1987). The numbers of mural cell layers and cumulus cell layers in the
preovulatory follicle show only small differences among different species,
but the antral space and total number of granulosa cells are much larger in
the follicles of larger animals (Bächler et al., 2014; Gosden & Telfer, 1987).
The larger number of granulosa cells is essential in larger animals because in
addition to providing a nest for the oocyte, the granulosa cells of the follicle
produce estrogen. Larger animals need the greater mass of granulosa cells to
produce more estrogen.

3. Luteinizing hormone receptor localization and
signaling

In preovulatory follicles of mice, rats, and hamsters, LH receptors are
expressed in some of the mural granulosa cells and in some of the theca cells
(Fig. 1A). Before the preovulatory stage, only the theca cells, not the
granulosa cells, express receptors for LH. The localization of these receptors
was originally determined by in situ hybridization of probes for mRNA
and by binding of a radioactively labeled agonist (Bortolussi, Marini, & Dal
Lago, 1977; Camp, Rahal, & Mayo, 1991; Oxberry & Greenwald, 1982;
Richards et al., 1976). More recently, higher resolution localization was
accomplished by use of mice with an HA epitope tag at the N-terminus of
the endogenous receptor, such that HA antibodies could be used for
immunolocalization (Baena et al., 2020; Owen & Jaffe, 2024) (see Fig. 3A
below). The epitope tag was needed because native levels of the LH
receptor have not been conclusively detectable with antibodies against the
receptor protein itself. Within the mural granulosa cells, the LH receptors
are present only in the outer few layers of cells that extend processes that
contact the basal lamina (Baena et al., 2020). Among these cells, only some
express the LH receptor (Baena et al., 2020). In the theca, LH receptor
expression is also heterogeneous. Apical and basolateral regions show no
differences in the distribution of LH receptors (see examples in the sup-
plementary material of Owen & Jaffe, 2024).
LH receptors in the mural granulosa cells are well established to

transduce the signal from the LH surge to cause ovulation, but while LH
receptors in theca cells are essential for follicle growth (Pakarainen, Zhang,
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Nurmi, Poutanen, & Huhtaniemi, 2005), the role of theca LH receptors in
responding to the LH surge is uncertain. Which cell types in the theca
express the LH receptor has also not been determined. Single cell RNA
sequencing databases (Fan et al., 2019; Morris et al., 2022) indicate that
some cells express both LH receptors and steroidogenic enzymes, but have
not conclusively defined whether only the steroidogenic cells express LH
receptors. Analysis of spatial transcriptomics databases (Huang et al., 2024;
Mantri, Zhang, Spanos, Ren, & De Vlaminck, 2024) could be informative.
Studies of primate endothelial cell lines have raised the question of whether
LH receptors may also be expressed in cells of the theca vasculature (Lund,
Pearson, Sage, & Duffy, 2023). mRNA encoding the LH receptor has been
detected in these cell lines, and LH elevates their cAMP levels and elicits
other responses. However, the lack of well validated LH receptor anti-
bodies has limited conclusions regarding the presence of LH receptors in
theca vasculature of intact follicles. Immunolocalization using thin sections
of mouse ovaries expressing the HA-tagged LH receptor, together with
immunolocalization of proteins marking other cell types in the theca, could
address these questions.
Following LH release from the pituitary, plasma LH levels remain

above baseline for several hours, in mice (Czieselsky et al., 2016; Kovacic &
Parlow, 1972; Owen, Zhou, Bernard, & Jaffe, 2021), rats (Daane &
Parlow, 1971), and hamsters (Norman & Greenwald, 1972). The ∼30 kDa
LH protein is small enough to permeate through the capillaries in the theca
layers of the follicle (Hess, Chen, & Larsen, 1998). LH then crosses the
basal lamina and activates its receptors in the mural granulosa cells. In mice
(Kovacic & Parlow, 1972), rats (Daane & Parlow, 1971), and hamsters
(Norman & Greenwald, 1972), ovulation occurs approximately 11–14 h
after the start of the LH surge.
The LH receptor is coupled to multiple G-proteins, including Gs and

Gq/11. Most of the granulosa cell responses are mediated by Gs activation of
adenylyl cyclase and the resulting elevation of cAMP and activation of
protein kinase A (PKA) (Hunzicker-Dunn & Mayo, 2015). cAMP diffuses
through gap junctions to all of the granulosa cells (Lyga et al., 2016), such
that the signal initiated in the outer mural granulosa cells results in rapid
protein phosphorylation and ensuing signaling cascades throughout the
entire granulosa compartment. Signals also spread inwards from the outer
to the inner mural granulosa cells and to the cumulus cells by extracellular
diffusion of EGF receptor ligands that are generated by LH receptor
activation (Conti, Hsieh, Zamah, & Oh, 2012).
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Elevating cAMP by applying inhibitors of cAMP phosphodiesterases is
sufficient to trigger ovulation, and to increase synthesis of progesterone and
progesterone receptors to levels comparable to those in response to LH
(Vigone et al., 2018). Progesterone signaling is essential for ovulation (Kim,
Bagchi, & Bagchi, 2009; Lydon et al., 1995). Many other transcriptional
events that are also essential for ovulation, including synthesis of pros-
taglandin synthase (Sirois et al., 2004), are triggered at least in part by LH
activation of PKA (Hunzicker-Dunn & Mayo, 2015).
However, mice with granulosa cell-specific deletion of Gαq and Gα11,

G-proteins that act to elevate Ca2+ rather than cAMP, ovulate only about
half the number of oocytes as controls (Breen et al., 2013). Correspond-
ingly, LH-induced increases in mRNA encoding several proteins required
for ovulation (including the progesterone receptor, endothelin, and the
protease ADAMTS1) are reduced in ovaries from these mice (Breen et al.,
2013). Pharmacological inhibition of Gq/11 also delays ovulation (Egbert
et al., 2019). These results indicate that signaling by both Gs and Gq/11 is
required for optimal ovulation. LH induces elevation of Ca2+ in both
mural granulosa and theca cells (Egbert et al., 2019), but the spatiotemporal
dynamics of the Ca2+ elevation in the follicle during the later phases of
ovulation have not been investigated.

4. Methods for inducing and observing ovulation

Studies of follicular structure during ovulation were initially con-
ducted using ovaries from naturally cycling animals on the day of proes-
trous (for example, Norman & Greenwald, 1972). For mice (Czieselsky
et al., 2016; Kovacic & Parlow, 1972), rats (Daane & Parlow, 1971), and
hamsters (Norman & Greenwald, 1972), the LH surge begins a few hours
before the circadian lights go off in the animal room, with some variability
in timing for individual animals (Czieselsky et al., 2016). Because of this
variability, most studies of ovulation are now performed using ovaries from
animals stimulated by injection of LH or an LH analog, or by isolating
follicles and exposing them to LH or an LH analog in vitro (Tsafriri,
Lindner, Zor, & Lamprecht, 1972; Vigone et al., 2018; Thomas, Marx,
Penir, & Schuh, 2024).
Many studies have used a different LH receptor agonist, human chor-

ionic gonadotropin, (hCG) in place of LH. hCG is produced by tropho-
blast cells of the human placenta, and is readily available from urine of
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pregnant women. hCG acts on the corpus luteum to maintain early
pregnancy (Stouffer & Hennebold, 2015). In women and other primates,
LH and chorionic gonadotropin are both natural agonists of the same
receptor, produced by the LHCGR gene. Mice, rats, hamsters, and rabbits
do not produce chorionic gonadotropin, but hCG is an effective agonist for
their LH receptors. The use of hCG in place of LH originated with early
bioassays for human pregnancy, in which mice or rabbits were injected
with urine from women; ovulation of the mouse or rabbit indicated
pregnancy. Follicular growth and LH receptor expression are usually sti-
mulated by injection of animals on the first day of their 4-day estrous cycle
with equine chorionic gonadotropin (eCG, also known as PMSG), which
mimics the action of follicle stimulating hormone. Subsequent hCG
injection ∼2 days later causes ovulation with a time course close to that
following an endogenous LH surge. However, some aspects of LH
receptor signaling, such as the kinetics of cAMP production, are not
identical for LH and hCG (Casarini et al., 2012).
By 10min after intraperitoneal injection, hCG reaches the ovarian fol-

licles, as indicated by its rapid stimulation of an increase in permeability of
theca blood vessels (Powers, Chen, Russell, & Larsen, 1995) (see below).
However, the concentration of hCG at the follicle, and the kinetics of its
concentration, are not known exactly, and some aspects of LH receptor
signaling depend on agonist concentration (for example, Vigone et al.,
2018). Alternatively, ovulation can be stimulated by injection of neuro-
peptides that induce an endogenous LH surge by signaling in the hypo-
thalamus. During a natural LH surge, kisspeptin release stimulates gonado-
tropin releasing hormone release, which then stimulates LH release from the
pituitary (Skorupskaite, George, & Anderson, 2014). Injection of kisspeptin
results in a transient increase in serum LH with concentration and kinetics
close to that in cycling mice (Owen et al., 2021) and also induces ovulation
in mice (Owen & Jaffe, 2024; Owen et al., 2021) and women (Abbara et al.,
2020). Likewise, GnRH injection stimulates ovulation in rats (Dekel,
Sherizly, Tsafriri, & Naor, 1983). Injection of kisspeptin or GnRH to elicit
an endogenous LH surge provides a more physiological method for stimu-
lation of ovulation compared with injection of hCG or LH.
Many studies of ovulation use 3–4-week old prepubertal mice or rats.

Injection of these animals with eCG causes a set of their follicles to grow to
the preovulatory stage and induces expression of the LH receptor. One
advantage of using prepubertal instead of adult mice is the ability to obtain
ovaries at a precisely defined stage of development. When subsequently
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injected with hCG, LH, or kisspeptin, these hormonally “primed” prepubertal
mice ovulate with normal kinetics (for example, see Owen & Jaffe, 2024).
Follicles isolated from prepubertal mice and incubated with follicle

stimulating hormone to allow progression to the preovulatory stage have
been another useful system for studies of ovulation (Egbert et al., 2019;
Vigone et al., 2018; Thomas, Marx, Penir, & Schuh, 2024). These follicles
are optically clearer than follicles obtained from eCG-primed mice, and
when cultured on optically clear organotypic membranes (Millicell cell
culture inserts) they flatten somewhat, facilitating live imaging of the
ovulatory process. Ovulation in these isolated follicles occurs with normal
or close to normal kinetics (Egbert et al., 2019; Thomas, Marx, Penir, &
Schuh, 2024). Isolated follicles that have been cultured in a 3-dimensional
alginate matrix can also ovulate, following removal from the alginate and
transfer to a culture plate (Skory, Xu, Shea, & Woodruff, 2015). Use of
isolated follicles has many advantages, particularly for imaging, but blood
circulation to the follicle is not preserved, and the amount of theca retained
after isolation is variable. A more physiological but more challenging
approach is to image ovulation in ovaries that are still connected to the
vasculature (Blandau, 1955; Migone et al., 2016).
Overall, these various approaches have provided consistent and com-

plementary information about the ovulatory process. In the sections below,
we discuss conclusions and questions that have emerged from these studies
about several interrelated structural changes in preovulatory follicles that
occur in response to LH (Fig. 1B).

5. Cumulus expansion and follicular enlargement,
interrelated events

By 5 h after LH receptor stimulation, the extracellular spaces between
the cumulus cells, and between the mural cells adjacent to the antrum
increase (see Norman & Greenwald, 1972; Parr, 1974) (Fig. 1B). The spaces
arise as a consequence of a dramatic increase in amount of extracellular
matrix, due to the transcription of hyaluronic acid synthase (HAS2), the
secretion of hyaluronic acid, and the association of several proteins with the
hyaluronic acid (Salustri, Campagnolo, Klinger, & Camaioni, 2019). This
process, known as “cumulus expansion” is accompanied by loss of gap
junctional communication between the cumulus cells and the oocyte at
6–9 h after LH receptor stimulation (Eppig, 1982).
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In mice lacking the hyaluronic acid-linking protein inter-α-trypsin
inhibitor protein, cumulus expansion fails to occur, but oocytes are still
ovulated, as assayed by their presence in the oviduct (Zhuo et al., 2001).
However, the number of oocytes present in the oviduct is only 40 % of
control (Zhuo et al., 2001). It is unknown if this reduction is due to fewer
oocytes being ovulated or to less efficient capture of the oocytes by the
ciliary action of the oviduct.
Accompanying cumulus expansion, the volume of the antral space in

the follicle increases (Martin & Talbot, 1987; Norman & Greenwald, 1972;
Thomas, Marx, Penir, & Schuh, 2024). Based on measurements of cross-
sectional area, the antral volume of hamster follicles increases by almost
4-fold during the 11 h after hCG injection; it then decreases during the 3 h
preceding ovulation, to about half of the peak value (Martin & Talbot,
1987). Follicular enlargement followed by contraction is also seen in iso-
lated mouse follicles, although the magnitude of the changes is smaller
(Thomas, Marx, Penir, & Schuh, 2024). The increase in antral volume has
been proposed to be due to hyaluronic acid generating an osmotic gradient
that draws fluid into the antrum (Martin & Talbot, 1987). This hypothesis
was recently tested by applying an inhibitor of HAS2 (4-MU) to isolated
mouse follicles (Thomas, Marx, Penir, & Schuh, 2024). 4-MU partially
inhibits the increase in follicular volume, although 4-MU can have effects
other than inhibiting HAS2 (Pibuel et al., 2023). The concept that an
osmotic gradient causes the increase in follicular volume is also supported
by inhibition of the volume increase in response to applying dextran
outside of the follicle (Thomas, Marx, Penir, & Schuh, 2024).

6. Apical thinning, a multistep process

Release of the oocyte requires thinning of the cellular layers of the
mural granulosa, theca and surface epithelium on the apical side of the
follicle (Figs. 1B and 2A). The thinning of the apical mural granulosa layer
begins within 6 h of the ovulatory stimulus (Fig. 2B); by 8 h, it decreases to
about 30–70 % of its original thickness, reflecting a decrease in the number
of cell layers (Martin & Talbot, 1987; Owen & Jaffe, 2024). The basolateral
mural granulosa layer also thins in hamster, but not in mouse follicles.
There is little or no change in the thickness of the theca interna during the
initial 8 h (Martin & Talbot, 1987).
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It is not well understood how LH signaling causes the initial thinning of
the mural granulosa layer, although one factor appears to be the secretion of
hyaluronic acid by the inner layers of the mural granulosa, resulting in these
cells separating from the mural layer and adhering to the cumulus mass
(Salustri et al., 1992) (Fig. 1B). These “mucified” mural cells are recovered
with cumulus masses when follicles are punctured at 9 h after hCG injection.
Correspondingly, the number of cells in the cumulus mass increases from

Fig. 2 Apical thinning and basolateral invaginations induced by LH in mouse
preovulatory follicles. (A) Preovulatory follicles within ovaries from eCG-primed ∼24-
day-old mice, before or 10 h after kisspeptin injection to induce an LH surge.
Cryosections were labeled with an antibody against laminin gamma 1 (Santa Cruz
Biotechnology, sc-65643), to mark the basal lamina. Images are aligned with the apical
surface on the right. The blue lines indicate thinning of the mural granulosa layer at
the follicle apex, and the red arrows indicate basolateral invaginations. (B) Kinetics of
apical thinning of the mural granulosa and formation of basolateral invaginations
after the LH surge. B is modified from Owen and Jaffe (2024), with permission.
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∼1000 in an eCG-primed mouse before hCG injection to ∼3000 at 15 h
after hCG injection (Salustri et al., 1992). Cumulus cell proliferation is a
possible alternative explanation of the increase in cell number (Salustri et al.,
1992), although mitosis is infrequent after the LH surge, and the few cells
that were classified as mitotic might be difficult to distinguish from atretic
cells (Norman & Greenwald, 1972). The concept that the mural granulosa
layer thins because some of its cells separate and join the cumulus mass is
supported by images of hamster and mouse follicles that show mural gran-
ulosa cells sloughing off into the antrum during this time frame (Martin &
Talbot, 1987; Norman & Greenwald, 1972; Zhuo et al., 2001). Loss of the
gap junctions that hold the mural granulosa cells together, due to their
internalization (Larsen, Wert, & Brunner, 1987), and possibly loss of other
adhesion proteins due to internalization or proteolysis (see more about
proteolysis below) might facilitate cells leaving the mural epithelium.
Additionally, within the first 8 h after the ovulatory stimulus, some of

the LH receptor-expressing mural granulosa cells in the outer half of the
mural layer migrate into the inner half of the mural layer, and some of these
cells come into contact with the cumulus mass (Owen & Jaffe, 2024)
(Fig. 3). Whether cells that do not express the LH receptor also migrate
inwards, and whether cellular ingression contributes to apical thinning, is
unknown. Possibly the cellular migration acts together with the several
factors discussed above to cause relocation of cells from the mural layer to
the cumulus-oocyte complex, resulting in the initial thinning of the apical
mural granulosa layer. Another factor that might contribute to the thinning
of the mural granulosa region is the enlargement of the antral volume,
causing the cells of the mural epithelium to redistribute into a thinner layer
with a larger surface area (Martin & Talbot, 1987).
In the final ∼3 h preceding follicle rupture, the number of cell layers in

the the apical mural granulosa layer, and in the apical theca layer, drops
precipitously (Martin & Talbot, 1987). Proteolysis of collagen is required
for ovulation (Curry & Smith, 2006; Duffy et al., 2019; Ichikawa, Ohta,
Morioka, & Murao, 1983; Robker et al., 2018), suggesting that proteolysis
of extracellular matrix could be a factor in apical thinning. In support of
this concept, local protease activity in the apical region of the mural
granulosa layer was detected by placing frozen sections of rat ovaries, 12 h
after hCG injection, on a fluorescent gelatin substrate (Curry, Song, &
Wheeler, 2001). The protease activity is metal-dependent, based on
inhibition by EDTA. The time course of this local increase in metallo-
protease activity has not been reported.
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Fig. 3 Migration of LH receptor-expressing mural granulosa cells into the
ovarian follicle interior in response to LH. (A) Confocal images of cryosections of
follicles in ovaries before and at 6, 8, and 12 h after injection of HA-LHR-expressing

(Continued)
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Several different extracellular matrix-targeting proteases are synthesized
in response to an ovulatory stimulus, in both granulosa and theca cells
(Ohnishi, Ohnishi, Shibuya, & Takahashi, 2005). ADAMTS1 is of particular
interest because the mRNA encoding it increases > 100-fold fold by 8 h
after injection of rats with hCG; the mRNA is localized in the mural
granulosa cells (Espey et al., 2000). Mice lacking Adamts1 show reduced
ovulation, with ∼20–30 % of the control number of oocytes ovulated
(Brown et al., 2010; Mittaz et al., 2004). In the Adamts1–/– mice, oocytes are
seen trapped in unruptured follicles. However, the initial thinning of the
apical mural granulosa layer still occurs, with only 1–2 layers of mural cells
present at the apex in images at 12 h after hCG (Brown et al., 2010; Mittaz
et al., 2004). In contrast, images of the theca in the Adamts1–/– mice did not
show thinning, suggesting that the inhibition of ovulation in these mice
might be primarily due to the theca remaining intact. Possibly the burst of
ADAMTS1 synthesis in the mural granulosa cells acts to degrade the
extracellular matrix of the basal lamina separating the granulosa and theca
cells, and the matrix between the theca cells, causing the final thinning of the
mural granulosa and theca layer that allows the follicle to rupture. Mice
lacking various other individual proteases have shown little or no effect on
ovulation, possibly due their redundant functions (Ohnishi et al., 2005).

7. Invagination and contraction of the follicular surface

While the follicular apex is thinning in preparation for rupture,
invaginations appear in the basolateral surface, as seen in ovarian histological
sections, (Brown et al., 2010; Szołtys, Galas, Jabłonka, & Tabarowski, 1994;
Zhuo et al., 2001) (Figs. 1B and 2A). These invaginations start as early as 6 h
before ovulation (Owen & Jaffe, 2024) (Fig. 2B) and become progressively
larger, often forming a V-shape at the base of the follicle (Gothié, 1967;
Martin & Talbot, 1981; Owen & Jaffe, 2024) (Figs. 1B and 3A). The apical

Fig. 3—Cont'd mice with kisspeptin to induce an endogenous LH surge. At 6 and 8 h,
HA-LHR-expressing cells are migrating inwards. At 12 h, the follicle wall has ruptured,
releasing the cumulus-oocyte complex. Sections were labeled for HA-LHR immuno-
fluorescence and nuclei (DAPI). Images were obtained from ∼24-day-old eCG-primed
mice. Similar inward migration of mural granulosa cells occurs in naturally cycling
adult mice (Owen & Jaffe, 2024). (B) Time course of the inward migration. Modified
from Owen and Jaffe (2024), with permission.
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side of the follicle sometimes collapses inwards as well (Owen & Jaffe, 2024;
Zhuo et al., 2001) (Fig. 3A). Correlating with these indications of contractile
activity, follicular volume decreases in the few hours preceding ovulation
(Martin & Talbot, 1981; Thomas, Marx, Penir, & Schuh, 2024).
Contraction of smooth muscle cells in the outer theca has been pro-

posed to be a factor in causing contraction of the follicular surface, based on
electron micrographs of ovaries just before ovulation showing smooth
muscle cells with a contracted shape, relative to what is seen 3 h earlier
(Martin & Talbot, 1981). Another indicator of smooth muscle contraction
is phosphorylation of the myosin regulatory light chain protein (MRLC,
also known as myosin light chain 2 or MYL9) on its regulatory serine
(Ito, Okamoto, Ito, Zhe, & Dohi, 2022). Measurements at 6 and 12 h after
hCG application to isolated follicles or injection into mice have shown that
MRLC is phosphorylated, but its phosphorylation state before LH expo-
sure has not been examined (Thomas, Marx, Penir, & Schuh, 2024).
Spatiotemporal imaging of Ca2+ in the theca smooth muscle cells might
provide information as to whether or not the theca smooth muscle cells
show an increase in contraction just preceding ovulation.
Measurements of contractile force generated by application of endo-

thelin to rat or mouse ovary tissue strips indicate that ovarian smooth
muscle cells have receptors for endothelin (Cacioppo et al., 2017; Ko et al.,
2006), and endothelin-2 mRNA is synthesized in mural granulosa cells at
∼11 h after hCG injection (Palanisamy et al., 2006). Thus, endothelin from
the granulosa cells could cause theca smooth muscle cells to contract in the
final minutes before the follicle ruptures. Mice lacking endothelin in their
granulosa cells ovulate fewer oocytes, supporting the hypothesis that
endothelin-induced smooth muscle contraction could help to expel the
oocyte (Cacioppo et al., 2017). However, endothelin synthesis is too slow
to explain the earlier surface invaginations. Contraction of theca smooth
muscle could also result from activation of other Gq/11-linked receptors by
agonists from the mural cells that are synthesized earlier, such as pros-
taglandins (Land, Lane, Fugate, & Hannon, 2021) and neurotensin
(Shrestha et al., 2023).
Alternatively, the surface invaginations may result because as the antral

volume expands, the wall of the follicle buckles inwards due to its con-
finement by the stiff ovarian tissue around it (see (Trushko et al., 2020)).
The LH-induced invaginations are dependent on the ADAMTS1 protease
(Brown et al., 2010), and protease action on the extracellular matrix of the
follicle could weaken the theca and mural layers, allowing them to buckle.
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Forces generated by the inward migration of mural granulosa cells that
adhere to the basal lamina have also been proposed to contribute to pulling
in of the follicular surface (Owen & Jaffe, 2024). In summary, the factors
causing the LH-induced invaginations in the follicle surface are uncertain,
and whether the invaginations and/or theca smooth muscle contraction
enable the release of the oocyte remains to be determined.

8. Increases in vascular permeability, capillary
diameter, and angiogenesis

In response to LH, the blood vessels in the theca rapidly increase their
permeability to proteins. Before LH receptor stimulation, the permeability of
blood capillaries is limited to proteins smaller than ∼200 kDa and is also
determined by protein charge (Hess et al., 1998; Powers et al., 1995).
However, by 10min after intraperitoneal injection of mice with hCG, a
220 kDa protein (inter-α-trypsin inhibitor protein) that was previously unable
to pass from the serum into the follicular fluid, appears in the follicular fluid
(Hess et al., 1998; Powers et al., 1995). Proteins larger than ∼700 kDa are
retained within the capillaries, even after the ovulatory stimulus (Hess et al.,
1998). The permeability increase has been confirmed by injection of mice
with fluorescently labeled Ficoll (Mitsube, Brännström, & Haraldsson, 2013).
As mentioned above (see Section 5), inter-α-trypsin inhibitor protein is

critical for linking hyaluronic acid, allowing formation of the cumulus
matrix, and in the absence of this protein, the number of oocytes found in
the oviduct is reduced (Zhuo et al., 2001). In addition, after mating, very
few eggs from mice lacking inter-α-trypsin inhibitor protein undergo
cleavage, suggesting that they failed to fertilize (Zhuo et al., 2001). These
observations indicate the LH-induced increase in vascular permeability
serves the essential function of allowing transfer from the serum to the
follicle of a protein needed for successful reproduction.
Whether LH acts to increase capillary permeability by way of LH

receptors in the endothelial cell membranes, as suggested by studies of
monkey ovarian endothelial cell lines (Lund et al., 2023), or by way of
paracrine signaling from LH receptors in nearby theca or mural granulosa
cells, is unknown. Nitric oxide may be a mediator of the LH-induced
permeability increase, based on mimicking of the permeability increase by
the nitric oxide donor sodium nitroprusside and inhibition of the increase
by inhibitors of nitric oxide synthase (Powers et al., 1995).
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LH receptor stimulation also regulates capillary diameter (Fig. 1B). Blood
volume in the rat ovary starts to increase by 4 h after hCG injection (Tanaka,
Espey, & Okamura, 1989), associated with an increase in diameter of the
capillaries in the theca (Kranzfelder, Reich, Abisogun, & Tsafriri, 1992;
Macchiarelli et al., 2006), which is detected by 3 h after hCG (Kranzfelder
et al., 1992). The LH-induced increases in capillary permeability and dia-
meter within the follicle could reflect an increased need for gas exchange,
nutrient supply and waste removal during the dynamic process of ovulation.
A recent study showed that just before ovulation, blood capillaries in the
follicular apex constrict, such that blood flow is inhibited, and it was sug-
gested that the decrease in blood flow could cause apical thinning and fol-
licular rupture (Migone et al., 2016). However, isolated follicles that are
disconnected from the blood circulation can also ovulate in response to LH
(Egbert et al., 2019; Tsafriri, Lindner, Zor, & Lamprecht, 1972; Vigone
et al., 2018; Thomas, Marx, Penir, & Schuh, 2024).
In addition to its regulation of capillary permeability and diameter, LH

stimulates angiogenesis in the follicle. Angiogenic genes are upregulated in
granulosa cells within 4 h of injecting mice with hCG, and the number of
endothelial cells increases by 8 h (Guzmán, Hughes, & Murphy, 2022).
The angiogenesis that begins before ovulation increases dramatically after
ovulation, as blood vessels grow into the interior of the forming corpus
luteum (Stocco, Telleria, & Gibori, 2007; Stouffer & Hennebold, 2015).

9. Conclusions

Despite intensive investigation over the past century, much remains
mysterious about the structural changes in the ovarian follicle that result in
ovulation in response to luteinizing hormone. Both the theca and mural
granulosa layers of the follicle thin, and clearly this is essential for the follicle
to rupture. However, the events causing apical thinning, such as the role of
proteolysis of the extracellular matrix, are not well understood. Whether
the signals initiating the thinning arise solely from LH receptors in the
mural cells, or also from those in the theca, is uncertain. There are indi-
cations that contraction of smooth muscle cells in the basal region of the
theca might provide pressure that breaks the thinned follicle wall.
However, direct evidence as to whether this smooth muscle contraction is
essential, when it occurs, and what controls it, is lacking. Thinning of the
apical mural granulosa region and invaginations in the basolateral region
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begin many hours before the rupture of the follicle, accompanied by
inward migration of mural granulosa cells. However, the functional sig-
nificance of these early structural changes for ovulation, and for the sub-
sequent formation of the corpus luteum, remains to be determined.
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